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Although nanoparticles have been applied in plant biotechnology, much remains unknown about carbon dots
(CDs) uptake and translocation in plant cells. Here, we synthesized glucose-derived CDs (GCDs, +44.3 mV) and
lignin-derived CDs (LCDs, —16.2 mV) to investigate charge-dependent interactions with plant cells. Confocal
microscopy of protoplasts revealed much more favored uptake of GCDs compared to LCDs following 2 h co-
incubation. Leaf exposure experiments confirmed that GCDs exhibit a stronger association with plant cell
walls. Meanwhile, FTIR analysis of isolated cell wall fractions indicated that charged-CDs were mainly involved
in interactions with hemicelluloses and pectin, including lignin-crosslinked polysaccharides. Furthermore, the
GCDs internalization in plant cells caused membrane invagination and vesicle formation for encapsulating GCDs,
whereas the LCDs were of dispersed and disorder distribution in cell, as verified by TEM analysis. Hence, this
study proposed a hypothetic model about the critical roles of surface charges in modulating CDs interaction with
plant cell walls and internalization within cell cytoplasm in plant cells, providing insights into CDs functions in
plant growth and development for biomass production.

1. Introduction

Recent advancements in nanotechnology have been driven by
tunable physicochemical properties. Within agricultural applications,
nanomaterials showed unique capabilities in targeted agrochemical
delivery [1,2], genetic engineering optimization [3-5], and real-time
crop productivity monitoring [6,7], providing novel pathways for
addressing global food security and advancing sustainable agricultural
practices. The small dimensions (1-100 nm) and potential to cross
biological barriers [8,9] facilitate engineered nanomaterials to interact
with living systems in unique ways. Particularly, provide promising
opportunities to manipulate plant physiology at cellular and molecular
levels [10,11]. However, the behavior and mechanisms of nanoparticles
within plant systems remain incompletely understood, particularly their
internalization behaviors in plant tissues and cells.

The selectively permeable plasma membrane poses a challenge to

nanoparticle entry. Comprehensive studies have underscored mecha-
nism for nanoparticles to enter animal cells [12,13], while plant systems
present distinct biological challenges due to the presence of cell wall.
Pore size constraints (5-20 nm) and physicochemical heterogeneity of
the plant cell wall restrict nanoparticle permeation [14-17]. Nano-
particle size, shape, surface charge, and modifications critically deter-
mine penetration efficiency. Electroneutral nanoparticles show limited
protoplast entry, whereas ultra-small (<10 nm) nanoparticles with high
absolute zeta potential (>40 mV) efficiently enter the cytosol and
chloroplasts [18]. There are significant differences in charge dependent
interactions between plant and animal systems. Amine-modified poly-
styrene NPs induce plasma membrane depolarization enhancing animal
cell entry, whereas negatively charged nanoceria exhibit higher delivery
efficiency into plant cells without membrane depolarization [19,20].
Biological membrane composition within plant cells further modulates
interactions. Chloroplast membranes rich in glycerolipids demonstrate

* Corresponding author. Center of Biomass Engineering/College of Agronomy and Biotechnology, China Agricultural University, Beijing, 100193, China.

E-mail address: wanbin@cau.edu.cn (W. Zhu).

https://doi.org/10.1016/j.carbon.2025.120747

Received 14 May 2025; Received in revised form 21 August 2025; Accepted 24 August 2025

Available online 25 August 2025

0008-6223/© 2025 Elsevier Ltd. All rights are reserved, including those for text and data mining, Al training, and similar technologies.


https://orcid.org/0000-0002-3267-964X
https://orcid.org/0000-0002-3267-964X
mailto:wanbin@cau.edu.cn
www.sciencedirect.com/science/journal/00086223
https://www.elsevier.com/locate/carbon
https://doi.org/10.1016/j.carbon.2025.120747
https://doi.org/10.1016/j.carbon.2025.120747

L. Wei et al.

stronger nanoparticle affinity than phospholipid-dominant protoplast
membranes [21]. Current understanding remains constrained by
membrane-centric models that neglect plant-specific barrier cascades.
Cooperative regulatory mechanisms governing interactions between
charged nanoparticles and both cell wall components and membrane
remain poorly elucidated. Especially, knowledge on how the charge of
nanoparticles affects the morphological change of plant cell membranes,
and how the cell wall interacts with charged nanoparticles and regulates
their passage across the wall barrier are largely unknown.

Biocompatibility and biotoxicity concerns associated with heavy
metal components in conventional nanomaterials (e.g., quantum dots)
limit their use in biological systems. In this work, carbon dots (CDs)
synthesized from biomass waste streams (lignin, cellulose derivatives)
have been employed as an environmentally benign alternative. CDs
exhibit multiple advantages including sub-10 nm dimensions, photo-
stability, low cytotoxicity, and facile surface functionalization [22-24].
They have shown unique applications in plants. For instance, CDs alle-
viate the toxicity of cadmium to crops by adsorbing Cd?* and regulating
the expression of related genes [25]. Utilizing renewable bioresource
not only minimizes production costs but also enables a closed-loop life
cycle through the “synthesis-plant utilization-biomass recycling”
framework. In addition, CDs surface engineering allows precise match-
ing charge characteristics of different plant interfaces. This tunability
provides an ideal model for studying the interaction between charged
nanoparticles and multi-layered plant barriers.

Herein, we systematically investigate charged CDs across two
important plant barriers, the cell wall and the cell membrane, by
combining multiscale approaches: cell wall-free protoplasts, isolated cell
walls, and intact leaves. Confocal microscopy revealed charge-
dependent CDs distribution in leaf cells. Interactions between charged
CDs and cell walls clarified component-specific translocation roles. In
conjunction with biological TEM observations, we demonstrated mem-
brane morphological changes caused by positively charged CDs, and
explained CDs traversal mechanisms. This work decouples respective
roles of cell wall matrices and membrane in regulating nanoparticle
translocate. As demonstration of plant-nanoparticle interactions from
multi-interface perspectives, this work establishes a multi-scale analyt-
ical framework, which is of great practical significance for advancing
development and targeted engineering applications of nanotechnology
in plant systems.

2. Materials and methods
2.1. Synthesis of carbon dots

Glucose-derived carbon dots (GCDs) were synthesized by modifying
a method reported by Zhao et al. [26]. Briefly, 5 g of glucose was placed
in a flask and heated at 150 °C for 30 min, followed by the addition of 5
mL dimethyl diallyl ammonium chloride under continuous stirring
(150 °C, 180 min). The cooled brown product was dissolved in DI water,
filtered and dialyzed for 48 h. Lignin-derived carbon dots (LCDs) were
prepared using alkali lignin (AL) extracted from kraft pulping black li-
quor via acid precipitation. For LCDs synthesis, 0.5 g AL was mixed with
50 mL DI water, stirred for 20 min, and then heated at 200 °C for 12 h in
a hydrothermal reactor [27]. Post-reaction, the mixture was filtered
(0.22 pm) and dialyzed (72 h). Both GCDs and LCDs solutions were
freeze-dried (—60 °C, 20 Pa) to obtain solid samples for characterization.

2.2. Characterization of carbon dots

Microstructural characterization was conducted on JEOL JEM 2100F
TEM (200 kV). Samples were deposited on a Cu/C grid. The functional
groups of LCDs and GCDs were detected through an ALPHA II (Bruker,
Germany) Fourier transform infrared (FTIR) spectrometer using KBr
pellets. The zeta potential of GCDs and LCDs (1 mg/ml) was analyzed by
a Malvern Zeta sizer. The photoluminescence (PL) excitation and
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emission spectra measurements were carried out on a Hitachi F-4700
spectrofluorometer with an Xe lamp as an excitation source.

2.3. Plant growth

Wild-typed N. benthamiana seeds were grown in individual 77 mm
pots under 16/8 h light/dark photoperiod in artificial greenhouse.
Maintain the daytime temperatures at 26 °C and nighttime temperature
at 22 °C and 70 % humidity. Infiltration was conducted on the abaxial
side of 4 weeks old leaves using a 1 ml needleless syringe.

2.4. Protoplast isolation from Oryza sativa L

Rice protoplasts were isolated from sterile seedlings by slicing shoots
into 0.5-1 mm strips and digesting in pre-activated enzyme solution
(1.5 % cellulase, 0.75 % macerozyme, 0.6 M mannitol, 10 mM MES, pH
5.7). Tissue-enzymes mixtures were incubated with gentle shaking at
28 °C for 3 h in darkness, then diluted 5-fold with W5 solution (154 mM
NaCl, 125 mM CaCly, 5 mM KCl, 2 mM MES, pH 5.7). Undigested leaf
tissue was removed by 70 pm nylon mesh filtration, followed by
centrifugation (170x g, 7 min) to pellet protoplasts [28]. Freshly isolated
protoplasts had been used for internalization studies.

2.5. Extraction of cell wall and conjugation with CDs

Leaf samples were ground in liquid nitrogen and subsequently
freeze-dried. 0.3 g of sample was stirred in 5 mL DMSO-water (9:1, v/v)
at 150 rpm and 25 °C overnight. Subsequently, the pellets were washed
once with DMSO-water and twice with distilled water. The remaining
pellets were suspended in 75 % methanol (10 mL, 60 min) and centri-
fuged (3000xg, 5 min). The residues washed with10 mL of 75 %
methanol twice, followed by sequential washing steps using 10 mL of
each solvent for 20 min: 0.5 % Triton X-100 with 1 M NaCl (once), DI
water (twice), 95 % methanol (twice), and acetone (twice). After drying,
cell wall material obtained. Cell wall pellets (0.1g) were suspended in 5
mL of (NH4)2C204 (0.5 % w/v) for 1 h in a boiling water bath, with
vigorous stirring after every 10 min to prevent sedimentation. The su-
pernatants after centrifugation were collected as pectin fraction. The
insoluble pellets were further extracted with 5 mL 4 M KOH containing
1.0 mg/mL NaBH4 for 1 h at 25 °C and 150 rpm. Supernatants were
pooled as hemicellulose fraction. Pectin and hemicellulose fractions
were precipitated with 75 % ethanol, dissolved in water, precipitated
again, and then freeze-dried.

100 pl of CDs (0.5 mg/mL) were added into 50 mg cell wall material,
pectin and hemicellulose, fully mixed and reacted overnight. The
mixture was washed once with deionized water, 95 % methanol, and
acetone, then dried. The well-dried samples (2-4 mg) were mixed with
KBr at 1:100 (w/w) and pressed into transparent pelletized disc. The
spectra were acquired in transmittance mode over 16 scans in the range
of 4000 to 400 cm ! region using ALPHA II spectrometer (BRUKER,
Germany).

2.6. TEM tracking of CDs in N. Benthamiana leaves

After 12 h infiltration, N. benthamiana leaf segments (1 x 3 mm) were
fixed with 2.5 % glutaraldehyde under vacuum to evacuate vacuolar air,
followed by dehydration with ethanol and acetone and embedding in
epoxy resin. For samples used to investigate the internalization
pathway, leaves were infiltrated with wortmannin (40 pM) 30 min prior
to CDs exposure. The samples were sliced into 100 nm thickness using
ultramicrotome and post-fixed with lead citrate and uranyl acetate. The
films were transferred onto bare Cu TEM grids for imaging (80 kV).
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Fig. 1. Morphology, size distribution, fluorescence emission spectra, FTIR spectrum and zeta potential of LCDs, GCDs. (A) and (C): LCDs; (B) and (D): GCDs. Inset of
(a, d) are High-resolution TEM images of the CDs. (b, €) are size distribution of the CDs. Inset of (c, f) are photographs of the CDs aqueous solution under sunlight

(left) and UV light of 365 nm (right).
3. Results and discussion
3.1. Preparation and characterization of carbon dots

In the process of preparing lignin-based CDs, lignin raw materials
need to undergo top-down depolymerization first, and then bottom-up
assembly occurs in the reaction system. In the work described here,
lignin-based carbon dots (LCDs) were produced from alkali lignin by
hydrothermal treatment at 200 °C for 12 h directly [27], and
glucose-based carbon dots (GCDs) were synthesized from melting
glucose followed by adding dimethyl dially]l ammonium chloride [26].

LCDs and GCDs display well distribution in aqueous solution. TEM
images show that the size of LCDs and GCDs range from 2 to 7 nm, and
1.7-4.2 nm, with the average size about 4.06 + 0.82 nm and 2.94 +
0.60 nm, respectively (Fig. 1b, e). The pore diameter of plant cell walls
and the shape of nanoparticles might be the limitation for the transport
of nanoparticles into plant cells [29]. LCDs and GCDs obtained in this
study have a nearly spherical shape, with sizes smaller than the pore size
exclusion limit range of the cell wall. The more detailed atom resolution
structures were detected by High-resolution TEM(HR-TEM). The images
reveal well-resolved lattice fringes with inter-crystalline spacings of

0.21 nm for both LCDs and GCDs (inset of Fig. 1a, d), similar to the (100)
facets of graphitic carbon, indicating the graphene crystalline structure
has relatively few defects [30,31]. Furthermore, hydrodynamic size of
the synthesized CDs have been performed by dynamic light scattering
(DLS). The number distribution mode in DLS is preferred due to its
greater sensitivity to small-size particle signals, thus minimizing the
masking effect caused by larger particles. The DLS measurements yiel-
ded average hydrodynamic diameters of 27.99 nm for LCDs and 14.97
nm for GCDs, with corresponding polydispersity indices (PDIs) of
0.2097 and 0.2162, respectively (Supplementary Fig. 1). The larger
hydrodynamic sizes compared to TEM results are attributed to hydration
effects and transient aggregation in aqueous media, consistent with
prior reports on highly soluble carbon dots [32,33]. Primary size char-
acterization relied on TEM to reflect core particle dimensions. The
as-synthesized LCDs and GCDs aqueous dispersion exhibit clear
brown-yellow solutions under daylight and emit bright blue-green
fluorescence under irradiation with 365 nm UV light (Fig. 1c, f). Un-
like the fluorescence emission of conventional fluorophores such as
organic dye, the fluorescence emission of LCDs and GCDs in water
depend on the excitation wavelength. The photoluminescence (PL)
spectra of LCDs presents a maximum fluorescence emission peak at 540
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Fig. 2. Schematic illustration of the plant cell and the chemical structures of the main components in plant cell wall. Plant cell wall structure from the inside out are

the secondary wall, primary wall, and pectin-rich middle lamella.

nm when excited at 420 nm (Fig. 1c), while emission maximum peak of
GCDs is centered at 475 nm with excitation wavelengths of 360 nm
(Fig. 1f).

Except for the pore diameters of plant cell walls and the shape
mentioned above, another possibility that affects the transportation of
nanoparticles in plants might be associated with surface coating/func-
tionalization characteristics. FTIR and zeta potential were carried out to
investigate surface characteristics of CDs, as shown in Fig. 1C-E, aiming
to better clarify functional groups and charge properties. As depicted in
Fig. 1C, the band at 3424 cm ™! corresponding to the phenolic O-H and
the C-H stretching signals (2920/2843 cm™!) are detected in both AL
and LCDs. Except for the groups belonging to AL that are retained, LCDs
exhibit enhanced aromatic C=C stretching vibration at 1590 cm™,
Meanwhile, the peak assigned to aromatic ketones/esters groups at
1710 em™! from AL sharply decreased in LCDs, along with the appear-
ance of the peak at 1180 cm ™! associated with C-O and the peak at 1041
cm ! attributed to aromatic G-H. These results demonstrate that LCDs
are composed of aromatic skeletons from lignin while developing
enhanced n-conjugation through hydrothermal reorganization processes
[27,34]. In GCDs, the characteristic absorption peaks ascribing to the
aldehyde group (2796 cm™! and 2694 cm ™) in glucose were notably
absent, indicating successful cleavage of the aldehyde functionality
during the hydrothermal synthesis process (Fig. 1D). Appearance of the
peak at 1641 cm ! related to the C=C bond contracting vibration,
which might associate with the retaining of C—=C bond of dimethyl
diallyl ammonium chloride in GCDs, or it might be formed by complex
condensation and carbonization of glucose precursor. C=C bond is a
typical structure and important component of graphene carbon quantum
dots, and it does not exist in glucose. Moreover, the characteristic ab-
sorption peak of the C-H bending vibration of -N(CHs),- appeared at
1473 cm’l, which was related to -NT(CHs)y- in dimethyl diallyl
ammonium chloride [26]. These results confirm the successful grafting
of quaternary ammonium groups onto GCDs.

Zeta potential analysis shows different charge of LCDs and GCDs
owing to surface groups. The zeta potential of LCDs was —16.2 mV might

relate to oxygen-containing groups. The cleavage of p-aryl ether linkages
in lignin generates phenolic hydroxyl groups, while oxidation-mediated
degradation promotes lignin depolymerization accompanied by car-
boxylic acids formation [35,36]. In contrast, GCDs was +44.3 mV,
confirming that GCDs carried abundant positively charged groups
(Fig. 1E). The negative charge of LCDs might relate to oxygen-containing
functional groups. Properties of nanoparticle surfaces will likely affect
botanical interfacial dynamics, thereby modulating nanoparticles
translocation in plants [37,38]. Exposure of functionalized AuNPs
(amino, hydroxyl, carboxyl) to four herbaceous plants revealed that
positively charged AuNPs achieved optimal root absorption, whereas
negatively charged counterparts showed superior translocation effective
from the roots to other parts [39]. The ionic interactions lead to strong
binding between nanoparticles and plant cells. Deprotonation of
carboxyl groups on pectin by amine groups resulted in ammonium cat-
ions formation [40]. QDs-PEG-COOH interact with the cell wall via
hydrogen bonding between carboxyl group and hydroxyl groups [41].

3.2. Biointerface traversal of charged CDs in intact plant tissues

The entry of nanoparticles into plant cells can be broadly categorized
into three distinct stages: (1) translocation and accumulation in plant
organs; (2) translocation in vascular tissues and their interactions; and
(3) association at cellular and subcellular compartments [29]. These
three tiers correspond to observations at the macroscale, microscale, and
molecular level, respectively. Fig. 2 shows the hierarchical structure of
intact plant cell and cell wall, along with a simplified depiction of
chemical compositions and functional groups of the main components in
cell wall. A typical plant cell wall consists of three structurally and
chemically differentiated layers from exterior to interior: the pectin-rich
middle lamella, the hemicellulose-embedded primary cell wall con-
taining cellulose microfibrils, and the lignified secondary cell wall. The
cell membrane is located on the inside of the wall. For successful cellular
internalization, CDs must sequentially overcome these plant-specific
biological barriers, including multi-layered cell wall and plasma
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Fig. 3. TEM images localization of CDs surrounding and penetrated on the cell wall of N. benthamiana plants 12 h post-infiltration. (A) LCDs and (D) GCDs penetrated
on the plant cell wall and localized in the intercellular space between cell wall and plasma membrane. (B) Localization of LCDs surrounding on the cell wall. (C)
Proposed model for LCDs association or internalization into plant cells. (E) The GCDs-containing vesicular structures near the membrane. (F) Proposed model for
GCDs association or internalization into plant cells. The red boxes from left to right indicate the areas of increased magnification. Scale bars of (A, D) from left to
right, 10 pm, 1 pm, 500 nm. Scale bars of (B, E) from left to right, 10 pm, 1 pm. (For interpretation of the references to colour in this figure legend, the reader is

referred to the Web version of this article.)

membrane. Abundant charged functional groups (e.g., carboxyl and
hydroxyl) within plant cell wall components may impose significant
hindrance to charged CDs during cellular entry process.

Intact plant leaf tissue contains two critical barriers, the wall and
membrane that prevent nanoparticles from entering plant cells. To
confirm and directly visualize the internalization and subcellular dis-
tribution of CDs in plant cells, we collected CDs-infiltrated
N. benthamiana leaf tissues 12 h post-infiltration. N. benthamiana
leaves were fixed and sectioned, and then imaged it by TEM. The
absence of particulate structures in negative controls provides definitive
evidence that the electron-dense entities in CDs-treated samples are
exogenous CDs (Supplementary Fig. 2). Fig. 3 shows increased magni-
fications for LCDs and GCDs in leaves. TEM examination identified that
CDs were mainly surrounding the mesophyll cell wall. The observed
sizes enlargement of CDs was potentially due to aggregation induced by
the plant tissue microenvironmen [42,43]. The distribution of LCDs was
relatively uniform, spreading on the plant cell walls and showing a

linear arrangement, indicating that they may have formed a state of
stable adsorption with the cell wall (Fig. 3A and B). Cellular ultra-
structure analysis revealed well-preserved cell wall integrity, suggesting
that LCDs exposure did not induce significant morphological damage to
cell wall structure. The aggregation of GCDs in plant tissues was more
significant than that of LCDs (Fig. 3D, E and Supplementary Fig. 3).
Larger aggregated particles interact with cell walls in different ways,
such as exhibiting stronger adsorption or embedding into the cell wall
matrix. Polysaccharides in the cell wall could interact with charged CDs
through the carboxyl group. The distinct association behaviors of
different charged CDs likely stem from electrostatic attraction between
GCDs (+) and cell wall (—), which favors higher adhesion than that of
LCDs. Similar findings in previous studies have shown that neutral
QDs-MPA exhibited greater dispersion and aggregation on lateral and
fibrous roots compared to negatively charged QDs-PEG-COOH [41].
Positively charged NH,-GQDs exhibited enhanced foliar accumulation
and aggregation degree, with a remarkable increase in size from 15.1 nm
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Fig. 4. Plant cell walls interact with charged CDs. (A) Representative confocal images of N. benthamiana leaves treated with LCDs and GCDs aqueous solution after
10 h, scale bar is 50 pm. FTIR spectra of N. benthamiana leaves (B) cell wall, (C) pectin and (D) hemicellulose interact with charged CDs.

to 102.8 nm, whereas negatively charged OH-GQDs showed moderate
size enlargement from 13.7 nm to 74.2 nm [43]. CdSe/CdZnS QDs with
positive and neutral charge exhibited particle aggregation tendencies in
Arabidopsis leaf petioles vascular tissue and root cells, while negatively
charged counterparts remained dispersed [44].

However, the phenomenon of negatively charged LCDs aggregating
on negatively charged cell walls seems theoretically contradictory.
Therefore, to find out why LCDs aggregate on cell walls, the pH of LCDs
and GCDs dispersions have been measured. The pH of LCDs dispersions
in distilled water was approximately 5.30-5.60, while GCDs has slightly
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higher pH of 6.00-6.10 (Supplementary Table 1). It has been reported
that the negative charge of plant cell wall is primarily contributed by
pectin or glucuronoarabinoxylan (70-90 %), and the distribution of
negative charges is not entirely uniform [39,45]. In particular, the cell
wall network may exhibit neutral or weakly negative regions due to
pectin of different degree of methyl esterification [46]. The pH of CDs
affects the protonation state of certain components in the cell wall
microenvironment, and thus alters the charge distribution of the cell
wall. At lower pH, protonation of some carboxyl groups in the cell wall
reduces the negative charge density [47,48], thereby weakening elec-
trostatic repulsion with LCDs. Meanwhile, short-range interactions may
also play a role. The LCDs may retain hydrophobic characteristics of the
lignin substrate, enabling adsorption and aggregation of LCDs to hy-
drophobic regions of the cell wall through hydrophobic interactions.
Hydroxyl groups on the surface of LCDs may also form hydrogen bonds
with polar groups in the cell wall (e.g., cellulose hydroxyls) [41],
overcoming partially charge repulsion and facilitating LCDs attachment
near the cell wall or membrane. Additionally, although the cell wall is
overall electronegative, its surface can indirectly bind negatively
charged LCDs through cation bridging (e.g., Ca%", Mg?") [48,49],
forming ternary complexes (pectin-COO-Ca’"-LCDs-) that promote
aggregation. In Fig. 3C, we propose that LCDs association or internali-
zation into plant cells in a relatively dispersed form. Charge repulsion
enhances the dispersibility of LCDs in plants, but there are multiple
mechanisms driving the adsorption and aggregation of LCDs.

Large particles in GCDs treated samples exert mechanical pressure
that compromises cell wall integrity, subsequently altering wall
permeability and triggering cellular response mechanisms. The aggre-
gation of GCDs in the cell wall and their extrusion through the cell
interface were observed, representing distinct stages of GCDs internal-
ization (Fig. 3D and E). Interestingly, GCDs-containing saccular-like
structures near the membrane had been found in GCDs-treated
N. benthamiana mesophyll (Fig. 3E). In addition, ultrastructural anal-
ysis revealed multiple GCDs simultaneously encapsulated within single
vesicles (Supplementary Fig. 3), suggesting that cellular internalization
of positively charged CDs via membrane deformation mediated endo-
cytosis. In contrast, no such structures were found in the leaves treated
with LCDs, indicating that LCDs do not cause significant cell membrane
deformation. Crucially, no GCDs-containing vesicles were observed in
wortmannin-treated samples (Supplementary Fig. 4), further confirming
clathrin is involved in GCDs internalization. Blue boxes in Fig. 3D and E
indicate three processes of GCDs association or internalization into plant
cells: (i) aggregated GCDs on the surface of the plasma membrane; (ii)
aggregated large particles cause membrane invagination; (iii) plasma
membrane invaginates to form vesicular structures. Thus, we summa-
rized a model for GCDs association or internalization into plant cells
(Fig. 3F). Initially, GCDs were recruited and aggregated at the cell wall,
subsequently, aggregated GCDs extruded through the cell interface, ul-
timately leading to membrane invagination and vesicle formation. Based
on these findings, we propose that there are differences in the mecha-
nism of different charged CDs transport within plant leaf tissues. As
previously reported, negatively charged PEGylated QDs had no obvious
aggregation under strong ionic strength conditions in vitro and during
the uptake by animal cells [50]. Therefore, we conclude that cell walls,
the typical plant structure absent in animal cells, serve as a critical role
in regulating CDs spatial distribution during internalization processes.
Briefly, following introduction into leaves, negatively and positively
charged CDs migrate toward plant cell peripheries, demonstrating pro-
nounced association with the cell wall. Positively charged GCDs form
large particles due to strong aggregation, inducing vesicle formation and
then entering plant cells by the way of endocytosis, while negatively
charged LCDs through non vesicular endocytosis or free diffusion due to
their smaller aggregated size.

Carbon 245 (2025) 120747
3.3. Specific distribution and interaction of charged CDs in cell wall

We explored the distribution of charged CDs in intact leaves, and
subsequently conducted independent investigations into the in-
teractions between cell walls and CDs. Charged CDs had been used to
infiltrate into N. benthamiana leaves. The leaves uptake and distribution
of CDs were determined by observing CDs fluorescence in extracellular
space and mesophyll cells. CLSM imaging at 10 h post-exposure indi-
cated that CDs of negative and positive charge penetrated through the
leaf surface (Fig. 4A, Supplementary Fig. 5 and Supplementary Fig. 6).
CDs signals were observed in the leaves, the fluorescence of negatively
charged LCDs appeared randomly in leaf cells, while signals of positively
charged GCDs regularly appeared near the cell periphery than that of
LCDs. Fluorescence of GCDs was also observed in the cell and nuclear
regions. The anionic characteristics of plant cell walls originate from
their structural polysaccharide composition, particularly the high-
density carboxyl groups in galacturonic or glucuronic acid units. Both
the cell wall and membrane exhibit electronegativity, resulting in sig-
nificant obstacles for negatively charged LCDs to enter the cell. The
penetration time and trajectory of LCDs are inconsistent, leading to
irregular distribution of fluorescence signals in intact leaves. GCDs are
attracted by negatively charged cell walls and deposit more regularly
around the cell wall, resulting in a stronger fluorescence signal of the cell
contour profile. Previous study had shown that nanoparticles with
positive charge present more accumulation in leaves [51]. Similarly,
positively charged NH>-GQDs demonstrated higher deposition (~2.1
times) on corn leaf compared to negatively charged OH-GQDs, attrib-
uted to negatively charged cell wall [43]. Another case in recent study
showed more accumulation of PEI-CDs than negatively charged one at
leaf surface [52]. Positive charge is crucial for the high accumulation
and translocation capacity of nanoparticles to leaf cells and organelles.
The weakly dissociating acidic groups, such as galacturonic acid in
pectin, confer the plant cell wall a net negative charge, allowing the cell
wall to behave as an ion exchanger, where the fixed cell wall charge
interacts with exchangeable ions [40,48]. The chemical interactions
between nanoparticles with positive charge and polysaccharide
hydroxyl/carboxylate residues constitute significant determinants the
intracellular transport and spatial distribution of nanoparticles in
planta. According to Jeon and colleagues’ work, while positively PEI-CD
has a stronger binding affinity to pectin, negatively and neutrally
charged CDs failed to exhibit detectable signals with pectin-based model
cell walls. As a polysaccharide rich in hydroxyl groups, cellulose also
interacts with PEI-CD, but their interactions displayed a much smaller
extent compared to pectin counterparts [40]. The interaction between
charged CDs and cell walls presents potential application in mitigating
heavy metal stress. Studies have shown that the cell wall is a barrier to
prevent the uptake of cationic heavy metals, and that CDs alleviate
cadmium toxicity in wheat seedlings by adsorbing Cd%* (reducing its
bioavailability) and regulating associated gene expression [25,53,54].
This synergistic mechanism suggests that CD application may enhance
protective effects in agricultural production systems.

To elucidate the function of cell wall components in mediating
charged CDs uptake, cell walls of N. benthamiana leaves have been
extracted, and then fully mixed and interacted with charged CDs. The
interaction of isolated hemicellulose and pectin with CDs was also
further investigated. The FTIR spectrum (Fig. 4B-D) reflects the char-
acteristic functional groups in N. benthamiana leaf cell wall components.
Changes occurred in the FTIR band between 1200 and 900 cm ™! in LCDs
and GCDs treated group compared to the control (Fig. 4B). The band of
1200-900 cm ™! is the carbohydrate fingerprint region [55], which is
very complex and dominated by ring vibrations of the C-OH side groups
and the C-O-C glycosidic bond from polysaccharides. The peak at 895
cm ! assigned to C-H bending vibrations of p-glycosidic linkage, cor-
responding to hemicellulose or pectin [55,56], is observed to almost
disappear in both LCDs- and GCDs-cell wall interaction samples
(Fig. 4B). Separate incubation experiments with charged CDs and
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Fig. 5. The confocal images of isolated protoplasts incubated with charged CDs. Protoplasts were incubated with 0.5 mg/mL charged CDs for 2 h. Scale bar is 20 pm.

isolated hemicellulose/pectin revealed that this change was primarily
attributed to hemicellulose (Fig. 4C and D). Especially, the
GCDs-hemicellulose interaction led to the vigorous attenuation of the
characteristic peak at 895 cm ! (Fig. 4D). Peaks at 1040 and 1087 cm !
are associated with sugars (e.g., arabinose, xylose, and galactose) [57].
In contrast to the control, these two peaks decrease in CDs treated group
and completely disappear in GCDs treated sample. The absorbance at
1040 cm ™' is closely related to hemicellulose [56], while 1085 em™lis
assigned to C-C stretching relating to pectin [55]. Peaks at 1150-1000
ecm ™! are due to homogalacturonan [57], which is one of the main
components in pectin. When cell wall samples were exposed to LCDs and
GCDs, a sharp decrease was observed at the peaks of 1136 cm ! and
1186 cm™! (Fig. 4B). In the 1150-1000 cm™! region (G-O-C/C-OH vi-
brations), significant band alterations occurred in pectin upon GCDs
binding, contrasting with minor perturbations induced by LCDs
(Fig. 4C). Conversely, hemicellulose underwent marked spectral
restructuring when interacting with LCDs, while showing marginal
changes to GCDs exposure (Fig. 4D). Peak around 1136 cm™! corre-
sponds specifically to vibrations of glycosidic C-O-C linkages [57]. C-O
stretching of polysaccharides at 1186 cm™! can be observed in hemi-
cellulose and lignin isolated from poplar [56]. The peak of 1186 cm ™! in
lignin related to the small portion of lignin-carbohydrate resistance
linkage retained during lignin extraction [56,58]. Peaks in range of
1750-1200 em ™! in the FTIR spectrum of plant cell wall might relate to
the characteristic signals of lignin and lignin crosslinked poly-
saccharides. In N. benthamiana leave cell wall material, C-H; bending at
1385 cm ! corresponding to hemicellulose [56] appeared in LCDs group
(Fig. 4B), while this peak appeared in GCDs group in the cell wall of rice
(Supplementary Fig. 7). There are significant differences in the types of
hemicellulose monosaccharide polymerization contained in different
plants [59], which may affect the interaction between CDs and cell
walls. The peaks at 1730 em™! (C=0 vibration) and 1240 cm ™' (C-O
stretching) are attributed to acetyl groups (O—C-H) and carboxyl group
(0=C-0) [60]. These characteristic peaks represent acetyl groups
connected with ester bonds in hemicellulose or the aldehyde ester
groups in hemicellulose-lignin complex. It can be seen a slight change at

1730 em ! and a significant variation at 1240 cm™!, suggesting the
interaction between the cell wall and CDs might also occur in hydro-
phobic domains. In summary, two different surface charge CDs changed
the intensity of certain functional groups. These findings emphasize that
the interaction between charged CDs and cell walls is mainly dominated
by polysaccharides, particularly hemicellulose and pectin fractions,
including lignin-cross-linked-polysaccharides.

3.4. Membrane affinity of charged CDs in isolated protoplasts

Previous studies have overlooked the dynamic interconnections be-
tween plant-specific hierarchical barriers, leading to a fragmented un-
derstanding of nanoparticle entry into plant cells. Following analysis of
CDs-cell wall interactions, plant protoplasts were prepared by cell wall
removal to further examine the effects of the cell membrane on nano-
particle entry into cells. We incubated the protoplasts with charged CDs
(0.5 mg/mL) in darkness for 2 h and then observed them under a laser
confocal microscope. The photoluminescence properties of carbon dots
make them traceable for interaction with plant tissues and cells. We
found that compared with negatively charged LCDs, positively charged
GCDs were more easily assimilated by the protoplasts of Oryza sativa L.
(Fig. 5). Plant plasma membrane is highly electronegative according to
Simon and colleagues’ study [61]. Membrane electrostatics largely de-
pends on anionic phospholipids, like phosphatidylserine [7]. Strong
negative surface charge of the plasma membrane may be sufficient to
specifically target positively charged polycationic proteins [62]. Thus,
GCDs demonstrate enhanced binding affinity toward protoplasts, driven
by electrostatic interactions with the anionic membrane surface.

The mechanism driving the interaction between negatively charged
nanomaterials and cell membranes remains unclear, but could involve
transient modifications (e.g., dynamic adsorption of biomolecules or
corona formation) that induce enhanced positive charge and promote
membrane interaction [63]. In a study of cucumber and Arabidopsis,
protoplasts had better uptake on CDs with negative charge compared to
positively charged CDs [52]. The uptake and distribution of AuNPs with
different functional groups were correlated with both the surface charge
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Fig. 6. Mechanistic schematic for charged CDs association or internalization into plant cells. “FA” represents esterification with ferulic acid, which is characteristic of

hemicellulose polysaccharides.

of the nanoparticles and the plant species [39]. In this work, the pro-
toplasts of the monocotyledonous plant Oryza sativa L. were
co-incubated with charged CDs, while the protoplasts of the dicotyle-
donous plants cucumber and Arabidopsis had been used in previous
study. In another study, SWNTs with high zeta potential, whether it is
positively or negatively charged, were effectively delivered into Arabi-
dopsis protoplasts [18]. This indicates that the uptake of nanoparticles
by protoplasts may be related not only to the shape and surface charge,
but also to differences in plant species and classification.

3.5. Transport mechanisms of charged CDs in plant cells

As previously stated, extant researches have predominantly neglec-
ted the spatiotemporal coordination of plant-specific multi-layered
barriers, engendering reductionist interpretations of nanoparticles
translocation mechanisms. We employed multi-scale and multi-
dimensional approaches to investigate the continuum of CDs internali-
zation trajectories and correlation, thereby enhancing the systematic
comprehension of nanoparticles behavior in plant systems.

Integrating experimental evidence, we propose a translocation
model for charged CDs transport into plant cells (Fig. 6). During the
initial introducing mature plant leaves, charged CDs transport around
plant cells. The presence of carboxyl groups and other negatively
charged groups in pectin and hemicellulose polysaccharides contribute
to an overall negative charge within the cell wall. Electrostatic in-
teractions cause positively charged CDs easily bind with pectin and
hemicellulose in the cell wall, leading to aggregation. The CDs with
negative charge are repelled by the electronegativity of the cell wall,
reducing the likelihood of aggregation. Meanwhile, the components of
plant cell walls exhibit heterogeneous temporal and spatial distribu-
tions, leading to non-uniform charge distribution that causes varying
degrees of aggregation among charged LCDs. Positively charged CDs are
strongly adsorbed by the cell wall and accumulate on the surface of the
cell wall to form a high concentration area, which exerts pressure.
Meanwhile, the reaction between positively charged CDs and cell wall
components may alter the flexibility and permeability of the cell wall.
These factors enable positively charged CDs that aggregate into larger
particles to overcome the barriers and limitations imposed by the cell
wall. After passing through the cell wall, positively charged CDs are
electrostatic adsorbed with negatively charged cell membranes and
aggregate on the surface. The aggregation of positively charged CDs on
the membrane surface exerts local pressure, resulting in membrane
deformation. During this process, the cell membrane invaginates and
envelops the positively charged CDs, forming vesicles that are

subsequently transported into the cell.
4. Conclusion

Plant cellular barriers possess unique characteristics as a multi-
layered barrier system. We designed and synthesized biomass-derived
CDs with different surface charges for assessing and simulating
charge-dependent interfacial interaction. Real-time fluorescence
confocal microscopy revealed charge-correlated distribution in pro-
toplasts and mesophyll cells, with preferential accumulation of posi-
tively charged CDs at cell walls. Hemicellulose and pectin dominated
interaction between charged CDs and cell walls, while positively
charged CDs exhibited a higher affinity for negatively charged mem-
branes and walls. In addition, positively charged CDs induced mem-
brane interfacial remodeling, triggering localized aggregation at
membrane-wall junctions. This promoted membrane invagination and
vesicle-mediated internalization, contrasting with permeation of nega-
tively charged counterparts. These findings demonstrate charge-specific
internalization mechanisms: positive charges facilitate active membrane
remodeling, whereas negative charges rely on physicochemical
compatibility. These insights elucidate how nanoscale surface properties
dictate plant cell interface dynamics, providing a framework for rational
design of phytonanotechnology systems.
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